Removing nonviable cells from a cell suspension is crucial in biotechnology and biomanufacturing. Labelfree microfluidic cell separation devices based on dielectrophoresis, acoustophoresis, and deterministic lateral displacement are used to remove nonviable cells. However, their volumetric throughputs and test cell concentrations are generally too low to be useful in typical bioreactors in biomanufacturing. In this study, we demonstrate the efficient removal of small (<10 μm) nonviable cells from bioreactors while maintaining viable cells using inertial microfluidic cell sorting devices and characterize their performance. Despite the size overlap between viable and nonviable cell populations, the devices demonstrated 3.5-28.0% dead cell removal efficiency with 88.3-83.6% removal purity as well as 97.8-99.8% live cell retention efficiency at 4 million cells per mL with 80% viability. Cascaded and parallel configurations increased the cell concentration capacity (10 million cells per mL) and volumetric throughput (6-8 mL min
Introduction
Separating nonviable cells from viable cells in bioreactors is critical for enhancing antibody productivity 1 and the quality of biological drugs. 2 Apoptotic nonviable cells undergo morphological changes and programmed cell death due to various biochemical events, 3 some of which are not controllable. These nonviable cells can impair the functionality of stem cell grafts during clinical transplantation 4 and can also result in false-positive results for biosensors by nonspecifically binding to reagents.
Microfluidic label-free cell sorting technologies 5 have been developed and applied for viable and nonviable cell separation. [6] [7] [8] [9] [10] [11] [12] [13] [14] These technologies are based on differences between live and dead cells with respect to size, deformability, shape, surface properties, density, and electrical polarizability. However, existing microfluidic approaches, such as microfluidic dielectrophoresis, acoustophoretic sorting, and deterministic lateral displacement, have several limitations to be applied for standard bioreactors. The volumetric sample processing throughput is limited to tens to hundreds of μL per minute (maximum of 200 μL min −1 in acoustophoresis). [6] [7] [8] [9] [10] [11] [12] [13] [14] Test sample cell concentrations are low (up to 2 million mammalian cells per mL). 8, [11] [12] [13] Furthermore, dielectrophoresis [6] [7] [8] [9] 14 and acoustophoresis 10, 11 require active force fields, such as electric and acoustic fields, thereby increasing the system's complexity 15 and compromising its scalability. 16 In addition, for sample flow focusing for efficient cell separation, separation methods based on acoustophoresis, 10 ,11 deterministic lateral displacement, 12 and cell interaction with periodic ridges 13 require buffer input flow in addition to sample flow. In this study, we demonstrate a novel application of inertial microfluidics for the removal of small (<10 μm) nonviable suspended mammalian cells from a cell culture for standard bioreactors. Inertial microfluidics enables highthroughput, label-free cell sorting and separation. [17] [18] [19] When particles flow in a confined microchannel, they become focused into specific positions along the channel due to sizedependent hydrodynamic forces. [17] [18] [19] Inertial microfluidics supports high volumetric flow rates (>mL per minute per channel 20 ) , and the throughput can be further increased (as high as 1 L min −1 ) using multiple devices in parallel. [21] [22] [23] Moreover, sorting yeast and mammalian cells at high cell concentrations in microchannels can be performed without additional buffer flows. 21, 24 Chinese hamster ovary (CHO) cells, the top expression system of biological drugs, 25 were used to demonstrate our technology. Apoptosis is a main cause of cell death in bioreactor suspension cultures of mammalian cell lines during the production of biopharmaceuticals. 26 Due to cell shrinkage during the early stage of apoptosis, nonviable cells are generally smaller than viable cells. 3, 27, 28 Given that particle focusing is sensitive to the size and flow rate in the spiral channel, 29 the channel can be used to remove small nonviable cells from the cell culture. We first characterized the device with respect to its capability to remove small (<10 μm) nonviable cells and cell debris at different flow rates, flow split ratios at the outlets, cell viabilities, and cell concentrations. Improvements in the device performance in terms of dead cell removal purity and live cell retention at high cell concentrations (10 million cells per mL) and sample throughputs (6-8 mL min −1 ) using cascaded and parallel configurations were subsequently demonstrated.
Results and discussion

Design of the microfluidic spiral device
We used a spiral microchannel with a trapezoidal cross-section 29, 30 to remove small nonviable cells from a suspension culture. Its high separation resolution compared with the spiral channel with a rectangular cross-section was demonstrated before. 29, 30 The technology has found applications in microfiltration, 21, 24 blood fractionation, 30, 31 bacteria detection, 32 virus recovery, 33 cell isolation (circulating tumor cells, 34 stem cells, 35, 36 and immune cells 37 ), microalgae separation, 38 and sorting eggs of a nematode. 39 Fig . 1 shows the microfluidic cell separation device used in this study. The cell separation is based on inertial sorting that depends on cell size. [17] [18] [19] 40 The finite inertia and viscosity of the fluid at a high Reynolds number in a confined microchannel induce an inertial lift force on cells. Simultaneously, an additional drag force originating from the spiral curvature is exerted on the cells. The combination of these size-dependent hydrodynamic forces focuses the cells at specific equilibrium positions along the channel. Large viable and nonviable (dead) CHO cells are focused near the inner wall of the channel whereas small nonviable CHO cells are sorted near the outer wall of the channel. Each focused stream is collected in different outlets, enabling removal of small nonviable CHO cells from the cell suspension.
Device performance metrics
To quantify the performance of the microfluidic device, we measured three performance metrics: live cell retention efficiency, dead cell removal efficiency, and dead cell removal purity. Live cell retention efficiency is necessary to know since the primary purpose of the device is to retain viable cells. Similarly, the secondary purpose of the device is to remove nonviable cells, represented by the dead cell removal efficiency parameter. Removal purity represents the purity of the nonviable cells in the outer outlet. The parameters were defined as follows: Live cell retention efficiency 
where V Input , V IO , and V OO represent the viable cell concentration in the inlet, inner outlet, and outer outlet, respectively. NV Input , NV IO , and NV OO represent the nonviable cell concentration in the inlet, inner outlet, and outer outlet, respectively. F Input , F IO , and F OO represent the flow rate in the inlet, inner outlet, and outer outlet, respectively. Additionally, the flow split ratio was defined as follows: The cell diameters of viable, nonviable, and cell debris were (17.5 ± 2.9) μm (mean ± standard deviation, n = 96 295), (12.4 ± 3.1) μm (n = 7998), and (2 ± 0.9) μm (n = 12 767), respectively. The 25th and 75th percentile boxplots with whiskers with the maximum 1.5 interquartile range were used (□: mean, ×: 1% and 99% percentiles, -: minimum and maximum).
Flow split ratio Outer outlet flow rate Inner outlet flow  r rate
The flow split ratio determines the flow streamline boundary between flows into the inner and outer outlets. The outlet flow rates were measured based on the amount of fluid that comes out of the inner and outer outlets per time unit. The flow split ratio was modulated by changing the fluidic resistance of outlet tubing (tubing length and diameter).
Batch culture of CHO cells and cell diameter measurement Fig. 2a describes the batch culture of CHO cells. The total cell concentration reached 3.5 million cells per mL with a cell viability of 98% on day 3. Subsequently, the cell viability started to decrease. By day 7, the viable cell concentration was 4.9 million cells per mL, and the cell population viability was 93%. The two-color flow cytometry results show different subpopulations of the CHO cells on day 7 (Fig. 2b) . The cell diameter was obtained using the correlation between the light forward scatter (FSC) and cell diameter. The diameters of viable, nonviable, and debris were (17.5 ± 2.9) μm (mean ± standard deviation, n = 96 295), (12.4 ± 3.1) μm (n = 7998), and (2 ± 0.9) μm (n = 12 767), respectively. There was a cell diameter overlap between live and nonviable cells. In the range of 10 μm to 14 μm, there were 6.8% viable cells and 44.9% nonviable cells. However, viable cells of <10 μm accounted for only 0.2% of all viable cells, compared with nonviable cells. 25.0% of nonviable cells were <10 μm.
Device characterization with microbeads
The input flow rate, flow split ratio, and particle concentration play a role in determining the behavior of particles in the microchannel. We measured three performance metrics: live cell retention efficiency, dead cell removal efficiency, and dead cell removal purity.
Characterization experiments were performed to maximize viable cell retention and nonviable cell removal, first using microbeads as a preliminary model. Separating only smaller nonviable cells, rather than separating all the nonviable cells, was prioritized due to the size overlap of nonviable and viable cells (Fig. 2c ). CHO cells of <10 μm are highly likely to be nonviable during bioreactor cultivation, as described in the previous section. For example, out of all cells <10 μm, 7.9% were viable and 92.1% were nonviable for 93% cell population viability. In contrast, 94.1% of the CHO cells of >10 μm were viable and 5.9% were nonviable. Therefore, three sizes of microbeads (diameter 15 μm, 10 μm, and 6 μm) were tested. The input flow rate and flow split ratio were varied to separate 6 μm beads from 10 and 15 μm beads. The mean ± standard deviation values for 15 μm, 10 μm, and 6 μm beads were (15.0 ± 0.6) μm, (10.0 ± 0.6) μm, and (5.9 ± 0.3) μm, respectively. Flow rates from 0.3 mL min −1 to 1.5 mL min
were tested in increments of 0.1 mL min −1 . Flow rates above 1.5 mL min −1 increased the input pressure (>21 pounds per square inch) due to channel resistance and thus caused channel lifting, which is not appropriate for long-term continuous operation (ESI † Fig. S1 ). The flow split ratio was kept at 0.3 for all flow rate conditions. At low flow rates (<0.8 mL min −1 ), the 6 μm beads were observed to be more dispersed throughout the microchannel, with higher variance in their distance from the inner wall (Fig. 3b ). For 10 μm and 15 μm beads, a flow rate between 0.5 mL min −1 and 1.0 mL min
resulted in the two bead sizes focusing at approximately the same region in the microchannel. For flow rates lower than 0.5 mL min −1 , the 10 μm and 15 μm beads drifted towards the center of the microchannel, away from the inner wall. However, after the flow rates increased beyond these thresholds, all three sizes of beads settled into a consistent location in the channel. As demonstrated in Fig. 3a , a mixed solution of 15 μm and 6 μm beads was clearly separated at a flow rate of 1.3 mL min −1 , while the 6 μm beads were more dispersed among the 15 μm beads at a flow rate of 0.3 mL min −1 . The 20 μm beads remained close to the inner wall of the channel (<100 μm from the inner wall) at flow rates of >0.6 mL min −1 (ESI † Fig. S2 ).
Next, the flow split ratio was altered in 0.1 increments from 0.2 to 1.0. This parameter affects the streamline boundary between the inner and outer outlet flows. 24, 41, 42 The flow rate was kept at 1.0 mL min −1 for all flow split ratio conditions. 10 μm and 15 μm bead trajectories were not significantly affected by changing the flow split ratio since their focusing position was close (within 100 μm) to the inner wall at a flow rate of 1.0 mL min −1 . Conversely, 6 μm beads were focused much farther (450 μm away) from the inner wall at 1.0 mL min −1 . Thus, altering the flow split ratio affected their trajectory at the bifurcation of the microfluidic device. At a flow split ratio of 0.2, all 6 μm beads were collected into the inner outlet (Fig. 3c) . As the flow split ratio increased, the streamline boundary between the inner and outer outlet flows shifted to accommodate more fluid entering the outer outlet. The proportion of 6 μm beads collected into the outer outlet increased until 92.9% of 6 μm beads were collected into the outer outlet at a flow split ratio of 1.0.
Nonviable cell removal by the microfluidic device CHO cells of 3.5 million cells per mL with a cell population viability of 73% were flowed into the microfluidic device at a flow rate of 1.5 mL min −1 with a flow split ratio of 0.36. The processed cells were collected into the inner and outer outlets of the device. The total cell concentrations of the inner and outer outlet output solutions were 4.8 million cells per mL and 0.2 million cells per mL, respectively. The two-dye live/dead flow cytometer assay showed that the microfluidic device removed nonviable cells and cell debris ( Fig. 4a and b) . The cell population viabilities of the inner and outer outlets were 75% and 2%, respectively. The live cell retention and dead cell removal efficiencies were 99.7% and 6.1%, respectively. As described in Fig. 4c , the cell diameter of the input sample was (15.7 ± 4.0) μm (mean ± standard deviation, n = 60 307). The cell diameter of the inner outlet sample was (16.0 ± 4.0) μm (n = 84 325) while the cell diameter of the outer outlet sample was (8.6 ± 1.8) μm (n = 4662).
Since the input flow rate, cell viability, flow split ratio, and cell concentration affect the performance of nonviable cell removal using the microfluidic device, we characterized the device by changing one parameter at a time in the following section.
Device characterization with CHO cells
CHO cell populations at 80% cell viability and a concentration of 4 million cells per mL were infused into the microfluidic device at flow rates from 0.9 mL min −1 to 1.5 mL min −1 in increments of 0.2 mL min −1 with a flow split ratio of 0.36. We did not observe significant changes in viable cell retention efficiency: 99.9% (0.1%) (mean (range), n = 3) at 0.9 mL min −1 and 99.8% (0.1%) at 1.5 mL min −1 . However, as the input flow rate increases, more small, nonviable cells were shifted toward the outer wall of the channel and entered the outer outlet, thereby increasing both the dead cell removal efficiency and removal purity. The cell diameter of the nonviable cells collected in the outer outlet decreased from (9.8 ± 2.0) μm (mean ± standard deviation, n = 1435) to (9.2 ± 1.6) μm (n = 3131). The dead cell removal efficiency increased from 1.8% (0.2%) (mean (range), n = 3) to 5.9% (0.3%), and the removal purity increased from 82.9% (1.3%) to 88.6% (1.0%).
To determine the effect of cell viability on the performance of the microfluidic device, CHO cell populations with 30%, 45%, 70%, and 80% viabilities were flowed through the device at a constant flow rate (1.5 mL min −1 ), concentration (4 million cells per mL) and flow split ratio (0.36). For all the viabilities tested, there was no observable difference in viable cell retention efficiency. However, the dead cell removal efficiency and purity increased for lower input viabilities (Fig. 5a ). An input cell solution with low population viability has more small, nonviable cells to remove than that with high population viability (Fig. 2) , resulting in increased dead cell removal efficiency and purity. The uniform retention efficiency values achieved demonstrates the microfluidic device's ability to retain the viable cells in the inner outlet consistently, while specifically focusing the nonviable cells to the outer outlet, even as the proportion of nonviable cells in the cell solution is increased. The effect of altering the flow split ratio was more pronounced, increasing the dead cell removal efficiency. The removal efficiency increased from 3.5% (0.5%) to 28.0% (0.6%) (mean (range), n = 3) as the flow split ratio was raised from 0.32 to 0.85 (Fig. 5c) . The flow rate was maintained at 1.5 mL min −1 , and the cell population viability and concentration were maintained at 80% and 4 million cells per mL, respectively, for each condition. Due to the streamline boundary moving closer to the inner outlet as the flow split ratio was increased, more small, nonviable cells near the outer wall were directed into the outer outlet, thus increasing the dead cell removal efficiency. Additionally, increasing the flow split ratio reduced the viable cell retention efficiency and dead cell purity, which decreased from 99.8% (0.1%) to 97.8% (0.3%) and from 88.3% (2.5%) to 83.6% (0.9%), respectively. This indicated that some small viable cells were directed into the outer outlet as a result of the increased flow split ratio. The cell concentration is also known to affect the performance of the microfluidic device, as increased cell-to-cell interactions at higher cell concentrations result in broader bands of focused cells and decreased efficiency in inertial focusing. 17, 21, 24 CHO cell populations were flowed through the microfluidic device at concentrations of 1, 4, and 10 million cells per mL, while maintaining a flow rate of 1.5 mL min −1 , a viability of 80%, and a flow split ratio of 0.36 for each concentration condition. As expected, the microfluidic device performed worse at 10 million cells per mL in terms of viable cell retention efficiency and dead cell removal purity but not removal efficiency, (Fig. 5e ). Decreasing the cell concentration to 1 million cells per mL improved the live cell retention efficiency to 99.9% (0.1%) and the dead cell removal purity to 98.1% (0.8%) with 5% (1.1%) dead cell removal efficiency (mean (range), n = 3). 
High-concentration, high-throughput nonviable cell removal by cascaded and parallel configurations
To overcome the drop in live cell retention efficiency and dead cell removal purity in high-concentration culture, we utilized a cascaded configuration 22, [43] [44] [45] [46] [47] with two devices by connecting the outer outlet of a new deep and wide channel device (200 μm inner depth, 140 μm outer depth, 1 mm width) to the inlet of the standard device (Fig. 6a) . As described in Fig. 5e , a low input cell concentration (<10 million cells per mL) improves the live cell retention efficiency and dead cell removal purity. The first device reduces the input cell concentration for the second device by focusing CHO cells near the inner wall of the channel. The device with a higher inner depth focuses particles at the inner side regardless of the particle size and flow rate. 29 We demonstrated the retention of CHO cells at a high cell concentration (>40 million cells per mL) using this. 24 Moreover, its large crosssectional area (1.7 × 10 5 μm 2 ) reduces the input pressure to achieve high input flow rates, compared with the 600 μm-wide channel (ESI † Fig. S1 ). The cascaded configuration was tested with CHO cell populations of similar viability (80%) and cell concentration (10 million cells per mL). The input flow rate to the cascaded device set-up was 8.0 mL min −1 and the flow split ratio of the wide-channel device was adjusted to maintain a flow split ratio of 0.36 and a flow rate of 1.5 mL min −1 into the second device to match the previous experimental conditions. The results from both inner outlets of the first and second devices were combined to calculate the performance metrics. At 10 million cells per mL, the cascaded configuration outperformed the single configuration in terms of live cell retention efficiency and dead cell removal purity, increasing the retention efficiency from 96.2% (0.3%) to 99.9% (0.1%) (mean (range), n = 3) and the dead cell purity from 68.9% (0.4%) to 88.9% (1.2%). The dead cell removal efficiency decreased from 17.7% (2.4%) to 3.4% (0.3%) (Fig. 6b) . We next demonstrated the high-throughput capability of the microfluidic device by multiplexing the chips together to form a four-spiral device (Fig. 6a) . The four-spiral device was able to accommodate a flow rate of 6.0 mL min −1 (equivalent to a 1.5 mL min −1 flow rate in the single-spiral device), without sacrificing performance when tested with an input concentration of 4 million cells per mL (Fig. 6d) . A similar performance was seen in the retention efficiency (99.9% for the four-spiral device and 99.8% for the single chip), dead cell removal efficiency (3.0% for the four-spiral device and 3.4% for the single chip), and dead cell removal purity (91.3% for the four-spiral device and 88.3% for the single chip).
In the parallel configuration, the outlets were combined together, and this changed the direction of the flow to insideout. This may change the focusing behavior of particles by decreasing the Dean number (increasing the radius of the curvature) over their movement along the fluid path. 48 In our parallel device, 57 μm and 180 μm shifts of the equilibrium position were observed for 6 and 10 μm beads, respectively (ESI † Fig. S3 ). Although the parallel device presented here still exhibits baseline separation of 6 and 10 μm beads and a 0.3 flow split ratio enables selective removal of small particles, preservation of the fluid direction (outside-in) is required for accurate scale-out of the spiral microfluidic device.
Limitation and potential use in perfusion culture
Although many inertial focusing-based cell separation/removal devices with high separation/removal efficiencies (>90%) have been reported previously, 49 the size ranges of the cell populations tested were not largely overlapping. Our work demonstrates selective removal of small nonviable cells from mixed viable and nonviable CHO cell populations whose size ranges are overlapping. As there is a size overlap between viable and nonviable cells (Fig. 2c) , the maximum nonviable cell removal efficiency that our method can achieve is limited, particularly because the number of viable cells lost should be minimized in this particular application. Thus, the presented work using size-based inertial sorting has a limitation of low single-pass dead cell removal efficiency (<30%), which reflects the distributions of original cell populations. One method to improve the dead cell removal efficiency is to increase the flow split ratio to contain more dead cells in the outer outlet. However, this would in turn decrease the viable cell retention efficiency and dead cell removal purity. Instead, a combination of the presented system with other label-free cell separation technologies such as microstructures, acoustophoresis, or dielectrophoresis based on differences in deformability, shape, surface properties, density, or electrical polarizability 5 could be contemplated to increase the dead cell removal efficiency further. However, this will incur additional complexity in the system. The merit of the presented technique should be evaluated by many other factors (cell concentration capacity, volumetric throughput, simplicity, long-term usability, etc.), not just by the single-pass dead cell removal efficiency. The high throughput dead cell removal demonstrated in this work can be used to improve engineering for bioreactors in perfusion culture. Small nonviable cells are continuously generated in the bioreactor over cultivation time. 50 Moreover, one typically uses up to 2 vessel volumes per day (VVD) perfusion rates for several weeks to months, meaning 2× the volume of the bioreactor is perfused on a daily basis. 24 Therefore, cells in the bioreactor in a perfusion culture will be constantly reprocessed by the viable cell retention/nonviable cell removal system shown in this work, meaning even a marginal removal rate (<30%) can have a significant impact on reducing the number of dead cells present in the bioreactor. A low removal efficiency compounded over the course of several weeks would result in an overall removal of a significant number of nonviable cells. In fact, according to standard Monod growth kinetics for mammalian cell culture, 51 reduction of dead cells over continuous culture can be estimated using the death rate, cultivation time, the working volume of a bioreactor, the volumetric flow rate for the perfusate, and single-pass dead cell removal efficiency (ESI † Table S1 ). For example, a 6.1% single-pass dead cell removal efficiency can achieve 82.8% reduction of total dead cells over continuous 4 day operation, assuming a 350 mL working volume, a 700 mL per day perfusion rate, and a 0.02 h −1 death rate. This idea is related to recirculation-based separation, 37 where we demonstrated microfluidics efficient leukocyte recovery from patient airway secretion, simply by repeating the separation operation.
Conclusions
In this work, we demonstrated the ability of a spiral microfluidic device to remove small (<10 μm) nonviable cells and debris from a mammalian suspension culture. Despite the size overlap between viable and nonviable CHO cells, the device showed acceptable nonviable cell removal efficiency (3.5-28.0%) with high removal purity (88.3-83.6%) as well as high live cell retention efficiency (97.8-99.8%) at 4 million cells per mL with 80% viability. Furthermore, we demonstrated two modifications to the device, a multiplexed fourspiral device and a two-spiral cascaded configuration, which enabled the removal of small nonviable cells under highthroughput (6-8 mL min −1 ) and high-concentration (10 million cells per mL) conditions, respectively. There are significant benefits associated with the removal of nonviable cells from a cell culture, and the method we presented here opens up the potential for further applications (i.e., industrial scale cultures that may require a higher throughput or cell concentration than previous methods are able to support).
Experimental
Device fabrication
The devices were fabricated according to standard soft lithography techniques described previously. 24 Two different devices were designed; for the removal of nonviable cells and debris in low (<5 million cells per mL) concentration samples, the microfluidic device had an inner depth of 80 μm, an outer depth of 130 μm, and a width of 600 μm. For higher concentration samples, the microchannel dimensions were modified (inner depth: 200 μm, outer depth: 140 μm, width: 1 mm). Aluminum master molds were designed using 3D modeling software (Rhinoceros, McNeel North America, USA) and fabricated via a micromilling machine (Whits Technologies, Singapore). A 10 : 1 ratio between the polydimethylsiloxane (PDMS) base and curing agent (Sylgard 184, Dow Corning Inc.) was mixed and poured into the master mold after degassing. The mold was cured at 150°C on a hot plate for 15 minutes and fluidic access holes were punched for the inlet, inner outlet, and outer outlet with a 4 mm biopsy punch (15110-40, Ted Pella, USA). The prepared device was irreversibly bonded to a glass microscope slide (260230, Ted Pella, USA) using an oxygen plasma machine (Harrick Plasma Cleaner, Harrick Plasma, USA) and baked at 95°C overnight on a hot plate to further enhance the bonding strength.
Batch culture of CHO cells
CHO-DG44 cell lines producing human IgG 1 against CD40 ligand were a gift from Biogen Idec (MA, USA). Suspension cultures were performed in a spinner flask (4500-500, PYREX ProCulture Spinner Flask, Corning, USA). A commercial culture medium (12681011, CD OptiCHO™, Thermo Fisher Scientific, USA) was used to grow cells. Daily culture samples were analyzed using automated cell culture analysis equipment (FLEX and CDV bioanalyzers, NovaBiomedical, MA, USA) to measure the cell concentration, viability, live cell diameter, pH, and nutrient/metabolite concentrations.
Sample preparation and experimental set-up
Polystyrene beads (Polysciences Inc., USA) and CHO cells were prepared for the characterization of the microfluidic device. Beads were diluted in DI water to reach a concentration of 4 million particles per mL to match typical batch culture concentrations. CHO cells were obtained from batch cultures and diluted with the culture medium to the desired concentration. To achieve a high concentration (>5 million cells per mL), cells were centrifuged at 193g for 5 minutes (Allegra™ X-22 Centrifuge, BECKMAN COULTER, CA, USA). Characterization experiments were conducted by connecting the inlet of the microfluidic device to a syringe (BD Luer-Lok™ tip syringe, Becton, Dickinson and Company, USA) loaded with the input sample. In the cascaded configuration with two connected microfluidic devices, the syringe was connected to the inlet of the deep and wide device (200 μm inner depth, 140 μm outer depth, 1 mm width). The outer outlet of the deep and wide device was connected to the inlet of the second, narrow-channel device with silicone tubing (Masterflex, Cole-Parmer, USA). A syringe pump (Harvard Apparatus, USA) infused the sample into the device at a constant flow rate. The flow split ratio was calculated as the ratio of the weight of the solution collected from the outer outlet to that of the inner outlet. To calibrate the flow split ratio, the length of the small-diameter outer outlet tubing (EW-06420-02, Cole-Parmer, USA) was altered. Increasing the tubing length increased the fluidic resistance of the outer outlet, thereby decreasing the flow split ratio.
For characterization using beads, images of the focusing behavior of the beads in the microchannel were taken with a high-speed camera (Phantom V9.1, Vision Research, USA) and analyzed using ImageJ. 52 Image processing was performed by subtracting a background image of the empty microchannel from the captured image and converting the result to 16-bit for threshold adjustment. Bead location coordinates were quantified via ImageJ particle analysis, with the circularity adjusted to 0.5-1.0 to exclude noise and debris.
For characterization using CHO cells, three sets of inner outlet and outer outlet samples (0.5 mL per sample) were taken sequentially for each experimental condition and analyzed using the methods described in the next section.
Viability assay and flow cytometric analysis
Cells collected from the inner and outer outlets were stained with green-fluorescent Calcein-AM (emission = 515 nm) and red-fluorescent ethidium homodimer-1 (emission = 635 nm) (L3224, Thermo Fisher, USA). Calcein-AM indicates intracellular esterase activity, selectively dyeing viable cells, while ethidium homodimer-1 indicates loss of plasma membrane integrity, selectively dyeing nonviable cells. A working solution of Calcein-AM was prepared by making an 80-fold dilution of Calcein-AM stock solution in dimethyl sulfoxide (472301, MilliporeSigma, USA). 0.5 mL samples of cells were stained with 1 μL of Calcein-AM working solution and 0.5 μL of ethidium homodimer-1 stock solution for 30 min at room temperature, protected from light. Afterwards, the samples were analyzed on a BD Accuri C6 flow cytometer (BD Biosciences, USA) to determine performance metrics. Fluorescence was viewed with FL-1 (green) and FL-3 (red) detectors for Calcein-AM and ethidium homodimer-1, respectively. Viable cells exhibited high green fluorescence and low red fluorescence, whereas nonviable cells exhibited low green fluorescence and high red fluorescence. Since the same sample volume was maintained throughout all the experiments performed, the concentrations of viable and nonviable cells were calculated as the number of events (particles) within the corresponding gated regions. Given that there is a correlation between the light forward scatter on the flow cytometer and the cell diameter for spherical cells, 53 we generated a size calibration curve using areas of light forward scatter (FSC) and cell diameters measured using the automated analyzer (CDV Bioanalyzer, NovaBiomedical, MA, USA).
